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A. niger, P. polonicum, and T. harzianum were not observed to form mature biofilms in actual
groundwater within 120 hr. Carbon was found to have the maximum effect on the fungal
biofilms formation in actual groundwater, followed by nitrogen and phosphorus. The resistance of fungal species to disinfectants during the formation of biofilms decreased in the
order: A. niger > T. harzianum > P. polonicum. Chlorine dioxide was observed to control the
biofilms formation with maximum efficiency, followed by chlorine and chloramine. Consequently, the results of this study will provide a beneficial understanding for the formation
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Introduction
The microbial safety of drinking water has always been one
of the major concerns for governments and water suppliers.
Drinking water supply systems are complex environments
where viruses, bacteria, fungi and protozoa can live together.
The pathogenic microorganisms found in these systems are
harmful to humans and are also associated with the deterioration of water quality (Siqueira, 2011). Among these, fungi
have the ability to form slender mycelium clumps and spread
in groundwater in the form of spores. They can in fact easily enter the drinking water supply system through various
ways (US EPA, 2006). Once these fungi enter the drinking water distribution system, they can exist in suspended form or
attach on the pipe walls in the form of biofilms, which results in the contamination of drinking water and corrosion of
the pipeline (Doggett and MS, 2000; Paterson and Lima, 2005;
Simões et al., 2015). Compared with the suspended state,
biofilms are more resistant to adverse environmental factors
such as dryness, high temperature, oligotrophic conditions
and disinfectants (Pan et al., 2020; Simões et al., 2013). Although bacteria are found to usually dominate the drinking
water biofilms due to their high growth rate, small size, better adaptability and ability to produce extracellular polymers
(EPS) (Characklis and Marshall, 1990; Simões, 2013), it has also
been observed that filamentous fungi can form biofilms in
drinking water (Gonalves et al., 2006).
To the best of our knowledge, only a few researchers
have reported about fungal biofilms. Fungi are adapted to
grow on surfaces as evidenced by their absorptive nutritional
mode and apical hyphal growth (Jones, 1994). The development of fungal biofilms is similar to that of bacterial biofilms,
and is mainly divided into four phases: initial spore attachment, growth and germination, hypha entanglement, formation of three-dimensional structures (Doggett and MS, 2000;
Ramage et al., 2011). Harding et al., al.(2009) proposed a preliminary model of fungal biofilms formation based on bacterial and yeast models, which included the following six
steps as following: propagule adsorption, surface attachment,
small colony formation, initial maturity, maturity, and dispersion. Other study revealed that biofilm formation by Candida dubliniensis occurred after initial focal adherence, followed by growth, proliferation, and maturation over 24–48 hr
(Ramage et al., 2001). Similarly, Chandra et al. (2001) suggested
that biofilm formation of Candida albicans (C. albicans) includes
three phases (early: 0–11 hr, intermediate: 12–30 hr, maturation: 38–72 hr). A 96-well plate method was used by other
study to reveal the biofilms formation process of six common
fungi in water. It was observed that Aspergillus spp. and Penicillium spp. could form biofilms within 12 hr, then the biofilms
were fully mature in 24 hr (Siqueira and Lima, 2013). However, further studies are still required on filamentous fungal biofilms, especially the formation kinetics and their main
characteristics.
A number of researches have been reported on the inactivation of suspended bacteria, fungi, and mature bacterial
biofilms, but only a few studies on controlling the formation
of fungal biofilms are reported. In order to effectively control
fungi in drinking water, a few commonly used disinfection
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methods include free chlorine, chloramine, chlorine dioxide,
ultraviolet irradiation, ozone, or a combination of the above
methods. It has been reported that the inactivation of fungal spores by chlorine fitted to first-order kinetic and the inactivation rate constants of Cladosporium cladosporioides, Penicillium polonicum (P. polonicum) and Trichoderma harzianum (T.
harzianum) were 0.079, 0.045 and 0.037 min−1 , respectively
(Wen et al., 2016). Ma et al. (2017) reported that the concentration contact time (CT) value for 99.9% inactivation of the two
genera of fungi ranged from 48.99 to 194.7 mg•min/L with free
chlorine and from 90.33 to 531.3 mg•min/L with monochloramine. Wen et al. (2017a) also found that chlorine dioxide exhibited a 99% inactivation of fungal spores at a CT value of
1.845 mg•min/L. In addition, UV doses of 45, 50, 65, and 130
mJ/cm2 was required to achieve 99% inactivation of the Trichoderma spp., Acremonium spp., Penicillium spp. and Cladosporium spp., respectively (Wen et al., 2017b), and 5.65, 2.36, and
0.82 mg min/L of ozone exposure (CT value) were required to
achieve 2-log (99%) inactivation of Aspergillus niger (A. niger),
T. harzianum and P. polonicum, respectively (Wen et al., 2020).
In order to control the biofilms, Hatice and Nur (2017) found
that 1% NaClO can diminish 83.6% of the Pseudomonas aeruginosa (P. aeruginosa) biofilm layer, and 5% H2 O2 can diminish
80.3% of the Staphylococcus aureus biofilm layer. In addition,
1.3 ± 0.2 log inactivation of biofilm-bound P. aeruginosa was
achieved at a UV dose of 8 mJ/cm2 by a 265 nm UVC LED
(Gora et al., 2019). Tachikawa et al. (2009) indicated that the
survival fraction of P. aeruginosa and Pseudomonas fluorescence
(P. fluorescence) biofilms was decreased to less than 1% by exposure to 1 mg/L O3 for 5 min in a flow-through system. Similarly,
Tachikawa and Yamanaka (2014) implied that the sequential
treatment with O3 (1.3 mg/L) followed by H2 O2 (1.1%) reduced
the survival ratio of P. fluorescens biofilm to 0.001. Moreover,
Hosni et al. (2011) explored the efficiency of chlorine dioxide
for the removal of Bacillus spores in drinking-water biofilms.
The results showed that within 6 days, the spore density of
Bacillus globigii (B. globigii) in the biofilm decreased from 106
CFU/cm2 to 50, 300 CFU/cm2 at chlorine dioxide concentrations of 25 and 15 mg/L, respectively. Siqueira. (2011) found
that Penicillium brevicompactum biofilm was capable to survive
even after exposure to 2.38 mg/L free chlorine, while the free
spores diminished. However, the control efficiency and mechanism of disinfectants against fungal biofilms formation are
still unclear.
Since filamentous fungi are part of the microbial ecosystem in drinking water distribution systems and can cause the
deterioration of drinking water quality, it is important to understand their role in drinking water biofilms formation and
their behavior. The major limitation, however, to study fungal biofilms is that the pipes of drinking water distribution
system are inaccessible (Siqueira et al., 2011). Therefore, microtiter plates were selected in this study to mimic the water
flow behavior in a stagnant area of drinking water distribution
system and to form the biofilms under controlled static conditions. Furthermore, low-concentrations of chlorine-based disinfectants (chlorine, chlorine dioxide, chloramine) as added to
control the formation of fungal biofilms at the initial stage of
growth.
The objectives of this research were 1) To explore the formation kinetics of biofilms by filamentous fungi isolated from
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groundwater, 2) To evaluate the characteristic changes during
various phases of filamentous fungal biofilms formation, 3) To
assess the effects of pH, nutrients and temperature on the formation of filamentous fungal biofilms, 4) To explore the efficiency of low-concentrations of chlorine-based disinfectants
(chlorine, chlorine dioxide and chloramine) to control the formation of filamentous fungal biofilms.

1.

Materials and methods

1.1.
Microorganisms and preparation of spore
suspensions
In this study, three genera of fungi (A. niger, P. polonicum and T.
harzianum) isolated from groundwater in northwestern China
were chosen as the object microorganisms (Wen et al., 2017a).
The spore suspension was prepared by the method as described previously (Wen et al., 2017b). The concentration of the
spore suspension was determined and controlled at 108 –109
CFU/mL by the method described in previous study (Wan et al.,
2020). Finally, the suspension was stored in a refrigerator at
4 °C.

1.2.

Formation of fungal biofilms in microtiter plates

An aliquot of spore suspension (105 CFU/mL) in R2A medium
was added to the wells of the 96-well plate, which was then
placed at 28 °C for 4, 8, 12, 24, 48, 72, 96 and 120 hr. At each
sampling time, the wells were rinsed 3 times with sterile phosphate buffer solution (PBS) to remove weakly adherent and
non-adherent cells (Simões et al., 2015). The potential of fungal biofilms formation in actual groundwater was explored by
replacing R2A medium with actual groundwater.
For the control experiments, R2A medium or actual
groundwater was added into the wells without fungal spores.
All the experiments were conducted in triplicate and the reported results were the mean values with standard deviations.

1.3.

Influencing factors

Effects of three parameters on the formation of fungal biofilms
in R2A medium were investigated, and the experiments were
performed in 96-well plates. To explore the temperature dependence of the fungal biofilms, the experiments were carried out at 16, 28 and 40 °C. To examine the influence of pH,
the experiments were conducted in R2A medium at various
pH values (3.0, 5.0, 7.0, 9.0), these different pH values were
controlled by using sodium hydroxide and phosphoric acid.
To evaluate the effect of nutrients on biofilms formation, experiments were carried out in different concentrations of R2A
medium (R2A, 1/2 R2A, 1/3 R2A, 1/5 R2A), which were obtained
by diluted diluting the medium with ultrapure water. For each
sampling time, the absorbance was measured by a microplate
reader at the wavelength of 520 nm (Varioskan Flash, Thermo
Scientific, USA).
In order to explore the effects of carbon, nitrogen, and
phosphorus on the formation of fungal biofilms in actual
groundwater, different amount of sodium acetate, ammonium
chloride and potassium dihydrogen phosphate were added to

the groundwater to obtain the required concentrations of carbon (0, 100, 200 mg/L), nitrogen (0, 10, 20 mg/L), and phosphorus (0, 1, 2 mg/L), respectively. The water quality parameters
of actual groundwater taken from the northwest of China are
represented in Appendix A Table S1.

1.4.

Control of the formation of fungal biofilms

An aliquot of spore suspension (105 CFU/mL) in R2A medium
was added to the wells of the 96-well plate, with each well
containing different concentrations (0.1, 0.3, 0.5, 0.7, 1.0 mg/L)
of chlorine, chlorine dioxide or chloramine. These plates were
then placed at 28 °C for 4, 8, 12, 24, 48, 72, 96 and 120 hr.
At each sampling time, the wells were rinsed 3 times with
sterile PBS to remove weakly adherent and non-adherent
cells (Simões et al., 2015). Finally, the biofilms biomass and
metabolic activity were determined by a microplate reader
(Varioskan Flash, Thermo Scientific, USA).

1.5.

Analytical methods

1.5.1.

Quantification of biofilms biomass

Direct measurement of absorbance (Unstaining): At each sampling
time, each well of the 96-well plate was washed and dried.
The optical density of the obtained solution was measured at
520 nm by a microplate reader (Varioskan Flash, Thermo Scientific, USA) and the fungal biofilms biomass was represented
as OD520 (Zhang et al., 2018).
Crystal violet (CV) staining: Negatively charged microorganisms and polysaccharides of the EPS can bind with CV. For
each sampling point, 150 μL methanol (98%) was firstly used
to fix the biofilms for 15 min, and the excess methanol was removed. Thereafter, 150 μL of CV stain was added to each well
for 5 min, and then excess stain was then removed. Finally,
150 μL of glacial acetic acid (33%) was added to dissolve the
stain after the plate was air-dried. The optical density of the
obtained solution was measured at 570 nm using a microplate
reader (Varioskan Flash, Thermo Scientific, USA) and the fungal biofilms biomass was represented as OD570 (Stepanović
et al., 2000).

1.5.2.

Evaluation of biofilms metabolic activity

Fluorescein diacetate (FDA) staining: The esterase activity of
the fungal biofilms was determined by the FDA colorimetric
method. For each sampling point, 200 μL of FDA (0.08 mg/mL)
diluted in R2A was added to each well. The 96-well plate
was then cultured at 28 °C for 20–22 h in dark. Finally,
fluorescence value was measured at λ excitation = 485 nm
and λ emission = 528 nm by a microplate reader (Varioskan
Flash, Thermo Scientific, USA) (Adam and Duncan, 2001;
Schnürer and Rosswall, 1982; Taylor et al., 2002).
Tetrazolium bromide (MTT) staining: The succinate dehydrogenase activity of the fungal biofilms was determined by the
MTT colorimetric method (Dias et al., 1999; Simões et al., 2013).
For each sampling point, 150 μL of MTT (0.5 mg/mL of final concentration) in R2A medium was added to the wells of
the 96-well plate, which was then placed at 28 °C in dark for
20–22 hr. Thereafter, the supernatant was removed from the
wells, and 150 μL of dimethyl sulfoxide (DMSO) reagent was
added to fix the MTT stain. The 96-well plate was now placed
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Fig. 1 – Assessment of fungal biofilms formation through changes in biomass. (a) Unstaining, (b) Crystal violet staining.
Experimental conditions: initial concentration of fungal spores: (4.5–5.5) × 105 CFU/mL, pH=7.2–7.4, T = 28 ± 1 °C.

in a dark shaker (125 r/min) at 28 °C for 15 min. Finally, the
optical density of the solubilized formazan of each well was
measured at 570 nm by a microplate reader (Varioskan Flash,
Thermo Scientific, USA) (Siqueira and Nelson, 2013).

1.5.3.

Morphological observation

To the 6-well plate 2.5 mL of spore suspension (105 CFU/mL)
dissolved in R2A medium was added, and upon each well
1 cm × 1 cm glass slide was placed. It was then cultured at
28 °C for 4, 8, 12, 24, 48, 72, 96 and 120 hr. Finally, the coverslips
were rinsed 3 times slowly with sterile PBS (Siqueira, 2011).
The biofilms were visualized by using a microscope (50i,
Nikon, Japan) at each sampling time.

1.6.

Data analysis

Am represents the absorbance when the fungal biofilms matured, reflecting the biomass of the mature fungal biofilms.
kmax represents the specific maximum growth rate during the
formation of fungal biofilms. The specific maximum growth
rate can be calculated as follows:
kmax = (A2 −A1 ) / (t2 −t1 )

(1)

where, A2 is absorbance at the incubation time of t2 , A1 is absorbance at the incubation time of t1 , t1 (hr) and t2 (hr) represents different times in the exponential phase of biofilms
formation.
In order to characterize the effect of chlorine, chlorine dioxide and chloramine in controlling the formation of biofilms,
the percentage of biofilms inhibition was determined by the
direct measurement of absorbance and CV, FDA, MTT staining
at 72 hr. The specific calculation formula of biofilms inhibition
efficiency is as follows:
Biofilms inhibition (%) = (Bcontrol −Btreated ) / Bcontrol

2.

Results and discussion

2.1.
fungi

The kinetics of biofilms formation by three genera of

2.1.1.

Changes in biofilms biomass

The results of the direct measurement of absorbance and CV
staining methods to quantify the formation of fungal biofilms
were depicted in Fig. 1. The formation of fungal biofilms over
time showed a typical sigmoidal curve for both the methods, and could be divided into four different phases: induction, exponential, stationary, and sloughing off. As shown in
Fig. 1a, the change in biomass was negligible during the induction phase (4–12 hr), which increased exponentially during
the exponential phase (12–48 hr), thereafter stabilized during
the stationary phase (48–72 hr), and finally decreased during
the sloughing off phase (72–120 hr). It is worth mentioning
that the sloughing off phase was observed after the formation of the mature biofilms. During the process of biofilms formation, the maximum biomass of A. niger, P. polonicum, and T.
harzianum were observed to be 0.262, 0.243 and 0.176, respectively. Therefore, it can be concluded that the A. niger had the
maximum biofilms forming ability among the three genera,
followed by P. polonicumand T. harzianum. Similar results were
also observed with CV staining, which is usually used to quantify the biofilms biomass (Li et al., 2003; Pantanella et al., 2013),
and is related with the change in biomass and biofilms development during the biofilms formation processes (Fig. 1b).
A previous report has also observed the formation process
of Penicillium expansum (P. expansum) biofilm by CV staining,
which mainly went through three phases: induction phase
(4–12 hr), exponential phase (12–72 hr), and stationary phase
(72–96 hr) (Simões et al., 2015). It was worth mentioning that
sloughing off phase was also detected in the study for a longer
time, which was consistent with the current study.

(2)

where, Bcontrol and Btreated are the absorbance/fluorescence intensity without and with the treatment of disinfectants, respectively.

2.1.2.

Changes in the metabolic activity of biofilms

To understand the metabolic activity changes during biofilms
formation, FDA and MTT staining were used, and the results
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Fig. 2 – Assessment of fungal biofilms formation through changes in metabolic activity. (a) Fluorescein diacetate staining, (b)
Tetrazolium bromide staining. Experimental conditions: initial concentration of fungal spores: (4.5–5.5) × 105 CFU/mL,
pH=7.2–7.4, T = 28 ± 1 °C.

were shown in Fig. 2. FDA (a non-polar and non-fluorescent
substance) is hydrolyzed by intracellular non-specific esterase
to produce luciferin in living cells, which can show bright
green fluorescence (Breeuwer and Abee, 2000; Hassan et al.,
2010; Simões et al., 2015). On the other hand, MTT can be transformed from yellow soluble tetrazolium salt to insoluble purple crystals by metabolically active cells (Simões et al., 2015).
With FDA staining (Fig. 2a), all the three fungal strains showed
a similar pattern of changes in metabolic activity during the
biofilms formation, which can be divided into four different
phases as well: induction phase (4–12 hr), exponential phase
(12–96 hr), stationary phase (96–120 hr), and the sloughing off
phase could be observed after 120 hr (results not shown). With
MTT staining (Fig. 2b), A. niger and P. polonicum were observed
to have an induction phase from 4 to 12 hr, exponential phase
from 12 to 72 hr, and the stationary phase was observed in
the following 72–120 hr. The changes in the metabolic activity
of T. harzianum showed an induction phase from 4 to 12 hr,
exponential phase from12 to 48 hr, and a stationary phase
from 48 to 120 hr. From the results of the FDA and MTT methods, it can be observed that there was no sloughing off phase
with MTT staining during the 120 hr. The difference between
the results of FDA and MTT staining was also described by
Simões et al. (2015). The biofilm formation process of the P.
expansum, as observed by MTT staining included four different phases, while using FDA staining showed three phases (no
sloughing off phase), which was a similar phenomenon as this
study. In conclusion, the changes in the metabolic activity as
well as the biomass went through induction, exponential, and
stationary phase. On the other hand, sloughing off phase was
observed between 72 and 120 hr for biomass change.

2.2.

Microscopic visualizations of biofilms development

The morphology of A. niger, P. polonicum, and T. harzianum
biofilms were characterized by microscope (Fig. 3, Appendix
A Fig. S1, and Fig. S2). Microscopic analysis showed that a
similar process was observed in the formation of biofilms by
the three genera of fungi. Fungal spores adhered to the sur-

face of polystyrene could form germs and further grow into
tiny mycelium. Over time, the hyphae were developed, stratified and entangled together, growing in all directions, and
were embedded in certain areas within the EPS matrix. Finally,
mature biofilms were formed. However, there were still some
differences in the developmental stages of the three fungal
biofilms. The formation of germs and hypha was observed at
different times in the three fungal strains. Germs were observed at 12, 8, 24 hr for A. niger, P. polonicum and T. harzianum,
respectively, and hypha appeared at 48, 48, 72 hr for A. niger, P.
polonicum and T. harzianum, respectively. In addition, the density of mycelium formed by A. niger was the highest, and that
of P. polonicum was the lowest.
In terms of morphology, the developmental pattern
was roughly similar to that of C. albicans, Aspergillus fumigatus (A. fumigatus) and Rhizopus oryzae (Mowat et al.,
2007; Ramage et al., 2001; Singh et al., 2011). GonzálezRamírez et al. (2016) observed the biofilms formation process
of A. fumigatus to be as follows: (i) Adhesion, cell aggregation and EPS production, (ii) Conidial germination into hyphae
and development, (iii) Biofilms maturation, (iv) Cell dispersion.
This pattern was observed to be consistent with the current
study. Overall, this study showed that the three genera of fungi
grew in the form of complex multicellular biofilms within a
certain period of time.

2.3.

Factors that affect the formation of biofilms

2.3.1.

Effect of temperature

To understand the temperature dependence of fungal biofilms
formation, the experiments were conducted at 16, 28 and
40 °C, and the results were depicted in Appendix A Fig. S3. The
biomass of the biofilms formed by A. niger, P. polonicum, and T.
harzianum at 28 °C increased faster than that at 16 and 40 °C.
As shown in Fig. 4a, the highest Am and kmax values of the A.
niger biofilm were observed at 28 °C, and the lowest were observed at 40 °C. Similar results were observed for P. polonicum
and T. harzianum (Appendix A Fig. S6a and Fig. S7a). The value
of kmax of A. niger at 28 °C was 1.59 and 1.99-fold higher than
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Fig. 3 – Photographs of A. niger biofilm formation over time. × 400 magnification / bar = 20 μm. Experimental conditions:
initial concentration of fungal spores: (4.5–5.5) × 105 CFU/mL, pH=7.2–7.4, T = 28 ± 1 °C.

Fig. 4 – Effect of water quality parameters on the Am and kmax of A. niger during the formation of biofilm. (a) temperature, (b)
pH, and (c) nutrients concentration. Experimental conditions: initial concentration of fungal spores: (4.5–5.5) × 105 CFU/mL,
pH=7.2–7.4, T = 28 ± 1 °C.

that at 16 °C and 40 °C, respectively. Moreover, kmax values of
P. polonicum at 28 °C was 1.37-, and 1.5-fold higher than that
at 16 and 40 °C, respectively, and 2.71-, 4.2-fold higher for T.
harzianum at 16 and 40 °C, respectively. Therefore, 28 °C was
the most suitable temperature for the biofilms formation of
A. niger, P. polonicum, and T. harzianum. In addition, the temperature dependence of T. harzianum biofilm was observed to be
highest among the three genera of fungi.
Likewise, previous studies have also shown that a temperature of 30 °C was more suitable for the biofilms development
of Lentinus subnudus and Voluariella speciosa (Fasola et al., 2007;
Gbolagade et al., 2006). Garraway and Evans (1984) proposed
that the metabolic activity of fungi decreased at lower temperature and denaturation of fungal enzymes occurred at higher
temperature.

2.3.2.

Effect of pH

Effect of pH on the formation of fungal biofilms was depicted
in Appendix A Fig. S4. At pH 5.0 and 7.0, the biomass of
biofilms formed by A. niger, P. polonicum, and T. harzianum increased faster, while at pH 3.0, the biomass of biofilms hardly
changed. Thus, the results inferred that the three genera of
fungi are more likely to form biofilms at pH 5.0 and 7.0. Com-

pared with pH 3.0 and 9.0, the values of Am and kmax of A. niger,
P. polonicum and T. harzianum were much higher under the conditions of pH 5.0 and 7.0 (Fig. 4b, Appendix A Fig. S6b and Fig.
S7b). The kmax values of A. niger, P. polonicum, and T. harzianum
at the optimal pH (5.0 or 7.0) were increased by 4.3-, 2.9- and
4.6-fold, respectively, when compared with the values at pH
3.0. These results suggested that the pH had the strongest impact on the formation of T. harzianum biofilm. Summarizing
the results, it could be concluded that the neutral or weakly
acidic conditions were more suitable for the formation of fungal biofilms.
Similarly, Al-Gabr et al. (2013) found that pH 4.5 - 6.5 was
more suitable for the growth of Aspergillus parasiticus. In addition, Jonathan and Fasidi (2001) mentioned that Psathyerella
atroumbonata was more suitable for growth at pH 6.5. The slow
growth of fungal biofilms at pH 3.0 and 9.0 could be explained
by the speculation that the cell wall and the cell membrane of
fungi at very strong acidic or alkaline pH can get corroded and
compromised (Hopkins et al., 1995).

2.3.3.

Effect of nutrients concentration

Different concentrations of nutrients were used to investigate
their effect on the formation of fungal biofilms. As the concen-
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Fig. 5 – The formation kinetics of fungal biofilms in actual groundwater. (a) Unstaining, (b) Crystal violet staining, (c)
Fluorescein diacetate staining, and (d) Tetrazolium bromide staining. Experimental conditions: initial concentration of
fungal spores: (4.5–5.5) × 105 CFU/mL, pH=7.6–8.0, T = 23 ± 1 °C.

tration of nutrients increased, the biofilms biomass increased
faster (Appendix A Fig. S5), suggesting that the richer nutrients were more favorable for the fungi to form biofilms in the
later stage. It was observed that with the increase in nutrients
concentration, the Am and kmax values of three genera of fungal were getting higher (Fig. 4c, Appendix A Fig. S6c and Fig.
S7c). The values of kmax of A.niger, P.polonicum and T. harzianum
at the highest nutrients concentration (R2A) were increased by
around 2.52, 3.46- and 3.67-fold, respectively, when compared
to the respective values at the lowest nutrients concentration
(1/5 R2A). It was observed that nutrients had the greatest impact on the formation of T. harzianum biofilm and the least impact on the formation of A. niger biofilm. In summary, rich nutrients were conducive to the formation of fungal biofilms.

2.4.
The kinetics of fungal biofilms formation in actual
groundwater
2.4.1. The potential of three genera of fungi to form biofilms in
actual groundwater
Fungal spores were added into actual pasteurized groundwater and incubated for 120 hr to explore the potential to form
biofilms. Fig. 5a-b shows that the biomass showed a negligible but increasing trend within 120 hr. In addition, the re-

sults showed that metabolic activity of the three genera of
fungi had almost no change (Fig. 5c-d). Therefore, it could be
concluded that it was difficult for A. niger, P. polonicum, and T.
harzianum to form mature biofilms in the actual groundwater within 120 h, which is speculated to be because of the low
dissolved organic carbon content (0.4 ± 0.03 mg/L) in actual
groundwater as compared to R2A medium.

2.4.2. Effect of nutrients addition on the formation of biofilms
in actual groundwater
In order to further evaluate the potential of A. niger, P.
polonicum, and T. harzianum to form biofilms in actual groundwater polluted by some kinds of contaminants, experiments
were conducted by adding certain concentrations of carbon,
nitrogen and phosphorus. Appendix A Fig. S8 shows the
changes in total biomass of the three genera of fungi during
the biofilms formation in actual groundwater. The results indicated that the total biomass of the three genera of fungi after adding carbon source to the groundwater showed similar
trend as with the R2A medium (induction, exponential, stationary and sloughing off phase). The biomass of A. niger, P.
polonicum, and T. harzianum biofilms stabilized at around 72 h,
and the maximum biomass could reach 0.051, 0.099 and 0.077
with 100 mg/L carbon, respectively. The addition of nitrogen
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Fig. 6 – Effect of carbon, nitrogen, and phosphorus addition on the Am and kmax in actual groundwater. Experimental
conditions: initial concentration of fungal spores: (4.5–5.5) × 105 CFU/mL, pH=7.6–8.0, T = 23 ± 1 °C.

and phosphorus had little effect on the total biomass. Therefore, carbon source played the most important role in the formation of fungal biofilms.
Fig. 6 shows the Am and kmax values of the three genera
of fungi with different nutrients and their varying concentrations. As long as the added nutrients contained sufficient dissolved organic carbon, the three genera of fungi had higher
values of Am and kmax . The influence of nitrogen and phosphorus on Am and kmax values was negligible. Similar results
were observed when the concentration of carbon, nitrogen
and phosphorus was double. In addition, when the concentration of carbon increased from 0 to 100 mg/L, the kmax values of A. niger, P. polonicum, and T. harzianum were increased
by 2.6-, 5.7- and 4.0-fold, respectively. The results showed that
the fungal biofilms formation potential in actual groundwater
was very low, but in case the water source was contaminated
and the organic matter content in the water increased, the formation of fungal biofilms was also greatly promoted.

2.5.
Control of the biofilms formation by
low-concentration chlorine-based disinfectants
2.5.1.

Control of the biofilms formation by chlorine

Effect of different concentrations of chlorine on the formation of biofilms by A. niger, P. polonicum, and T. harzianum was
represented in Fig. 7a, Appendix A Fig. S9a, and Fig. S10a, respectively. An increase in chlorine dosage resulted in the decrease in biomass during biofilms development. In addition,
the values of kmax and Am were further used to characterize
the effect of different concentrations of chlorine on biofilms
formation (Fig. 8a, Appendix A Fig. S11a, and Fig. S12a). When
the chlorine concentration increased from 0 to 1.0 mg/L, the
kmax values of A. niger, P. polonicum, and T. harzianum were
decreased by 25.0%,43.6% and 34.6%, respectively, while, the

Am values were also decreased by 26.5%, 41.9% and 31.2%,
respectively.
Four methods (Unstaining, CV, FDA, MTT staining) have
been used to characterize the efficiency of chlorine to control the formation of fungal biofilms, all of which showed similar trends (Appendix A Fig. S13). A very low concentration
of chlorine, i.e., 0.1 mg/L chlorine showed negligible control
of biofilms formation. On the other hand, the inhibition efficiency of A. niger, P. polonicum, and T. harzianum biofilms formation were 23.6%−27.9%, 31.3%−42.1% and 27.1%−37.3%, respectively, with the chlorine concentration of 1.0 mg/L. Thus,
A. niger showed maximum resistance of the three genera of
fungi to chlorine during the biofilms formation followed by
T. harzianum and P. polonicum. Previous study has shown that
the fungal inactivation was negatively correlated with the hydrophobicity and spore size (Wen et al., 2016). Among the three
genera, A. niger had the largest individual spore size, while
P. polonicum had the lowest hydrophobicity (Wen et al., 2019).
Therefore, A. niger had the highest resistant to chlorine while
P. polonicum was the least resistant.
In previous study, a more than 55% biofilm biomass reduction for Pseudoalteromonas espejiana was observed when
treated with 2 mg/L residual chlorine for 15 min. However,
only 40% reduction of Halomonas boliviensis biofilm was observed when treated with 8 mg/L residual chlorine for 30 min
(Rajeev et al., 2020). Saravanan et al. (2006) observed up to 75%
reduction in Pseudoalteromonas ruthenica biofilm after 10 min
treatment with 1 mg/L chlorine. The above research results
were based on the control of mature biofilms, and the current study demonstrated that adding low concentrations of
disinfectants at the initial stage of biofilms formation could
have a better controlling effect on the formation of fungal
biofilms. Due to the higher resistance of fungi compared to
that of bacteria (Meroueh et al., 2006; Sist et al., 2012), the
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Fig. 7 – Effect of low-concentration chlorine-based disinfectants on the formation of A. niger biofilm. (a) Cl2 , (b) ClO2 , and (c)
NH2 Cl. Experimental conditions: initial concentration of fungal spores: (4.5–5.5) × 105 CFU/mL, pH=7.2–7.4, T = 28 ± 1 °C.

Fig. 8 – Effect of low-concentration chlorine-based disinfectants on the Am and kmax of A. niger during the formation of
biofilm. (a) chlorine, (b) chlorine dioxide, and (c) chloramine. Experimental conditions: initial concentration of fungal spores:
(4.5–5.5) × 105 CFU/mL, pH=7.2–7.4, T = 28 ± 1 °C.

control of mature fungal biofilms requires a higher dose of
disinfectants.

2.5.2.

Control of the biofilms formation by chlorine dioxide

As shown in Fig. 7b, Appendix A Fig. S9b, and Fig. S10b, the
biomass decreased as the concentration of chlorine dioxide
increased during the formation of fungal biofilms. Moreover,
the values of kmax and Am under the condition of different
concentrations of chlorine dioxide were shown in Fig. 8b, Appendix A Fig. S11b, and Fig. S12b. As the concentration of
chlorine dioxide increased from 0 to 1.0 mg/L, the kmax values
of A. niger, P. polonicum, and T. harzianum decreased by 26.7%,
44.4% and 37.8%, respectively. On the other hand, the Am values were also decreased by 31.4%, 45.5% and 40.0%, respectively. Furthermore, Appendix A Fig. S14 shows that under
same concentration of chlorine dioxide, the inhibition of P.
polonicum biofilm was the highest, and that of A. niger biofilm
was the lowest. When the chlorine dioxide concentration
was 1.0 mg/L, the inhibition efficiency of A. niger, P. polonicum
and T. harzianum biofilms could reach up to 26.2%−31.7%,
40.0%−45.6% and 31.8−40.3%, respectively. Summarizing, the
resistance of the three genera of fungi to chlorine dioxide during the biofilms formation followed the order: A. niger > T.
harzianum > P. polonicum.
Chlorine dioxide has a stronger oxidizing ability and
is easily diffused through cell walls and cell membranes,
which can cause the inactivation of fungal spores. Likewise,
Hosni et al. (2011) noted that within 6 days, the spore density
of B. globigii in the biofilm can decreased from 106 CFU/cm2
to 300 CFU/cm2 at 15 mg/L chlorine dioxide. In the current

study, the differences in biofilms inhibition of the three genera of fungi were related to their hydrophobicity and size of
spores, with larger spore size having the ability to inhibit the
penetration of chlorine dioxide (Wen et al., 2017a). A previous
study has reported that the hydrophobic proteins of the spores
can increase the resistance of the spores to chlorine dioxide
(Hazen and Glee, 1994). Therefore, the resistance of fungi to
chlorine dioxide was positively correlated with the size and
hydrophobicity of the fungal spores.

2.5.3.

Control of the biofilms formation by chloramine

The effect of different concentrations of chloramine on controlling the formation of fungal biofilms was shown in Fig. 7c,
Appendix A Fig. S9c, and Fig. S10c. As the concentration of
chloramine increased, the biomass of the three genera of fungi
gradually decreased during the formation of biofilms. However, the biofilms formation process remained unchanged.
When the concentration of chloramine increased from 0 to
1.0 mg/L, the kmax values of A. niger, P. polonicum and T.
harzianum were decreased by 23.7%, 32.4% and 31.8%, respectively, while the Am values decreased by 23.8%, 34.9% and
28.2%, respectively (Fig. 8c, Appendix A Fig. S11c, and Fig.
S12c). It can be observed from Appendix A Fig. S15 that
0.3 mg/L of chloramine could achieve less than 10% inhibition of fungal biofilms. When the chloramine concentration
increased to 1.0 mg/L, the inhibition efficiency of A. niger, P.
polonicum and T. harzianum biofilms could reach 23.7%−26.3%,
30.9%−34.9% and 26.6%−29.4%, respectively. Under the control of the same concentration of chloramine, the inhibition of
P. polonicum biofilm was the highest, and that of A. niger biofilm
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Fig. 9 – Control efficiency of low-concentration chlorine-based disinfectants on the formation of fungal biofilms. (a) A. niger,
(b) P. polonicum, and (c) T. harzianum. Experimental conditions: initial concentration of fungal spores: (4.5–5.5) × 105 CFU/mL,
pH=7.2–7.4, T = 28 ± 1 °C.
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was the lowest. Therefore, the resistance of the three genera of
fungi to chloramine during the formation of biofilms followed
the order: A. niger > T. harzianum > P. polonicum.
It can also be concluded that the resistance of P. polonicum,
T. harzianum and A. niger to chloramines during biofilms formation was same as that to chlorine and chlorine dioxide,
which was positively correlated with the size and hydrophobicity of the fungal spores (Wen et al., 2019).

2.5.4. Comparison of the biofilms controlling efficiency of chlorine, chlorine dioxide and chloramine
The efficiency of chlorine, chlorine dioxide and chloramine
to control the formation of A. niger biofilm was shown in
Fig. 9a. At 0.1 mg/L disinfectants, the effect on the formation of A. niger biofilm was negligible. When the concentration of chlorine, chlorine dioxide and chloramine increased
from 0.1 to 1.0 mg/L, the inhibition of A. niger biofilm increased
by 1.8%−27.9%, 1.5%−31.7% and 1.2%−26.3%, respectively. It
was found that under the same concentration of disinfectants,
chlorine dioxide showed highest efficiency to control the formation of A. niger biofilm, while chloramine had the least effect. Similar results were also observed for P. polonicum, and
T. harzianum (Fig. 9b and Fig. 9c). Therefore, the efficiency of
the three disinfectants to control the fungal biofilms formation followed the order: chlorine dioxide > chlorine > chloramine.
Even in the case of bacterial biofilms, it has been previously
reported that chlorine dioxide had the highest inactivation efficiency, followed by chlorine, and chloramine (Gagnon et al.,
2004). Chloramine induced more Escherichia coli into viable but
non-culturable (VBNC) state than that of chlorine, and the
cells induced into VBNC state by chloramine may be recovered under suitable conditions (Chen et al., 2018). In addition,
unlike chlorine, chlorine dioxide diffused easily through cell
walls and cell membranes (Gagnon et al., 2004). Also, the redox potential of chlorine dioxide (1.51 V) is higher than that of
chlorine (1.36 V), causing the disinfectant to react faster with
the intracellular substances (Hosni et al., 2013). This explains
the worst efficiency of chloramine and the highest efficiency
of chlorine dioxide to control the formation of fungal biofilms.

3.

Conclusions

The main conclusions of this study are as follows:
(1) The formation process of the three fungal biofilms can be
divided into the following four phases: induction, exponential, stationary and sloughing off. Microscopic analysis
reveals the initial adhesion of fungal spores, the formation
of sprouts, initial monolayers, monolayers of intertwined
hyphae, mycelium development, hyphae stratification, and
the development of mature biofilms.
(2) The biofilms formation by A. niger, P. polonicum, and T.
harzianum is more suited at the temperature of 28 °C, the
neutral or weakly acidic pH, and with rich nutrients. It was
also observed that the T. harzianum biofilm is more dependent on temperature, pH and nutrients than the other two
fungal genera.

(3) The mature biofilms are difficult to form by A. niger, P.
polonicum, and T. harzianum in actual groundwater within
120 hr. The added carbon shows maximum effect on the
formation of biofilms by the three fungal genera, followed
by nitrogen and phosphorus.
(4) The resistance of A. niger, P. polonicum, and T. harzianum
to chlorine-based disinfectants during the formation of
biofilms is in the following order: A. niger > T. harzianum
> P. polonicum. Chlorine dioxide shows the maximum effect on controlling the fungal biofilms, while chloramine
shows the worst effect.

Acknowledgments
This work was supported by the National Natural Science
Foundation of China (Nos. 51978557, 51778267), the Shaanxi
Science Fund for Distinguished Young Scholars (No. 2018JC026), The Youth Innovation Team of Shaanxi Universities, and
Shaanxi Provincial Key Research and Development Project
(No. 2020ZDLSF06–05).

Appendix A Supplementary data
Supplementary material associated with this article can be
found, in the online version, at doi:10.1016/j.jes.2021.04.002.

references

Adam, G., Duncan, H., 2001. Development of a sensitive and rapid
method for the measurement of total microbial activity using
fluorescein diacetate (FDA) in a range of soils. Soil. Biol.
Biochem. 33 (7–8), 943–951.
Al-Gabr, H.M., Ye, C., Zhang, Y., Khan, S., Lin, H., Zheng, T., 2013.
Effects of carbon, nitrogen and pH on the growth of Aspergillus
parasiticus and aflatoxins production in water. J. Environ. Biol.
34, 353–358.
Breeuwer, P., Abee, T., 2000. Assessment of viability of
microorganisms employing fluorescence techniques. Int. J.
Food. Microbiol. 55 (1–3), 193–200.
Chandra, J., Kuhn, D.M., Mukherjee, P.K., Hoyer, L.L., Mccormick, T.,
Ghannoum, M.A., 2001. Biofilm formation by the fungal
pathogen Candida albicans: development, architecture, and
drug resistance. J. Bacteriol. 183 (18), 5385–5394.
Characklis, W.G., Marshall, K.C., 1990. Biofilms: a basis for an
interdisciplinary approach. In: Characklis, W.G., Marshall, K.C.
(Eds.), Biofilms. Wiley, New York (NY), pp. 3–15.
Chen, S., Li, X., Wang, Y.H., Zeng, J., Ye, C.S., Li, X.P., et al., 2018.
Induction of Escherichia coli into a VBNC state through
chlorination/chloramination and differences in
characteristics of the bacterium between states. Water Res.
142, 279–288.
Dias, N., Nicolau, A., Carvalho, G.S., Mota, M., Lima, N., 1999.
Miniaturization and application of the MTT assay to evaluate
metabolic activity of protozoa in the presence of toxicants. J.
Basic. Microb. 39 (2), 103–108.
Doggett, M.S., 2000. Characterization of fungal biofilms within a
municipal water distribution system. Appl. Environ. Microb.
66 (3), 1249–1251.
Fasola, T.R., Gbolagade, J.S., Fasidi, I.O., 2007. Nutritional
requirements of Volvariella speciosa (Fr. Ex. Fr.) Singer, a
Nigerian edible mushroom. Food Chem. 100 (3), 904–908.

journal of environmental sciences 109 (2021) 148–160

Gagnon, G.A., O’Leary, K.C., Volk, C.J., Chauret, C., Andrews, R.C.,
2004. Comparative analysis of chlorine dioxide, free chlorine
and chloramines on bacterial water quality in model
distribution systems. J. Environ. Eng. 130 (11), 1269–1279.
Garraway, M.O., Evans, R.C. (Eds.), 1984. Fungal Nutrition and
Physiology. John & Wiley Book.
Gbolagade, J.S., Fasidi, I.O., Ajayi, E.J., Sobowale, A.A., 2006. Effect
of physico-chemical factors and semi-synthetic media on
vegetative growth of Lentinus subnudus (Berk.), an edible
mushroom from Nigeria. Food Chem. 99 (4), 742–747.
Gonalves, A.B., Paterson, R.R.M., Lima, N., 2006. Survey and
significance of filamentous fungi from tap water. Int. J. Hyg.
Enviro. Heal. 209 (3), 257–264.
González-Ramírez, A.I., Ramírez-Granillo, A.,
Medina-Canales, M.G., Rodríguez-Tovar, A.V.,
Martínez-Rivera, M.A., 2016. Analysis and description of the
stages of Aspergillus fumigatus biofilm formation using
scanning electron microscopy. BMC Microbiol. 16 (1), 243.
Gora, L.S., Rauch, K.D., Ontiveros, C.C., Stoddart, A.K.,
Gagnon, G.A., 2019. Inactivation of biofilm-bound Pseudomonas
aeruginosa bacteria using UVC light emitting diodes (UVC
LEDs). Water Res. 151, 193–202.
Hosni, A.A., Szabo, J.G., Bishop, P.L., 2011. Efficiency of chlorine
dioxide as a disinfectant for Bacillus spores in drinking-water
biofilms. J. Environ. Eng. 137 (7), 569–574.
Hosni, A.A.H.A., Shane, W.T.S.T., Szabo, J.G.S.G., Bishop, P.L.B.L.,
2013. The disinfection efficiency of chlorine and chlorine
dioxide as disinfect. J. Environ. Eng. Sci. 8 (2), 170–175.
Harding, M.W., Marques, L.L.R., Howard, R.J., Olson, M.E., 2009. Can
filamentous fungi form biofilms? Trends Microbiol. 17 (11),
475–480.
Hassan, M., Corkidi, G., Galindo, E., Flores, C., Serrano-Carreõn, L.,
2010. Accurate and rapid viability assessment of Trichoderma
harzianum using fluorescence-based digital image analysis.
Biotechnol. Bioeng. 80 (6), 677–684.
Hazen, K.C., Glee, P.M., 1994. Hydrophobic cell wall protein
glycosylation by the pathogenic fungus Candida albicans. Can.
J. Microbiol. 40 (4), 266.
Hopkins, W.G., Hüner, N.P.A. (Eds.), 1995. Introduction to Plant
Physiology. John Wiley and Sons Inc.
Jonathan, S.G., Fasidi, I.O., 2001. Effect of carbon, nitrogen and
mineral sources on growth of Psathyerella atroumbonata
(Pegler), a Nigerian edible mushroom. Food Chem. 72 (4),
479–483.
Jones, E.B.G., 1994. Fungal adhesion. Mycol. Res. 98 (9), 961–981.
Hatice, K., Nur, Y., 2017. The comparison of various disinfectants’
efficiency on Staphylococcus aureus and Pseudomonas aeruginosa
biofilm layers. Turk. J. Med. Sci. 47, 1287–1294.
Li, X.G., Yan, Z., Xu, J.P., 2003. Quantitative variation of biofilms
among strains in natural populations of Candida albicans.
Microbiology 149 (Pt 2), 353.
Ma, X., Bibby, K., 2017. Free chlorine and monochloramine
inactivation kinetics of Aspergillus and Penicillium in drinking
water. Water Res. 120, 265–271.
Meroueh, S.O., Bencze, K.Z., Hesek, D., Lee, M., Fisher, J.F.,
Stemmler, T.L., et al., 2006. Three-dimensional structure of the
bacterial cell wall peptidoglycan. Proc. Natl. Acad. Sci. USA 103
(12), 4404–4409.
Mowat, E., Butcher, J., Lang, S., Williams, C., Ramage, G., 2007.
Development of a simple model for studying the effects of
antifungal agents on multicellular communities of Aspergillus
fumigatus. J. Med. Microbiol. 56 (Pt 9), 1205–1212.
Pan, R.J., Zhang, K.J., Cen, C., Zhou, X.Y., Xu, J., Wu, J.J., et al., 2020.
Characteristics of biostability of drinking water in aged pipes
after water source switching: ATP evaluation, biofilms niches
and microbial community transition. Environ. Pollut. 271,
116293.
Pantanella, F., Valenti, P., Natalizi, T., Passeri, D., 2013. Analytical
techniques to study microbial biofilm on abiotic surfaces: pros

159

and cons of the main techniques currently in use. Annali di
lgiene: Medicina Preventiva e di Comunità 25 (1), 31–42.
Paterson, R.R.M., Lima, N., 2005. Fungal Contamination of
Drinking Water. American Cancer Society.
Rajeev, M., Sushmitha, T.J., Prasath, K.G., Toleti, S.R., Pandian, S.K.,
2020. Systematic assessment of chlorine tolerance
mechanism in a potent biofilm-forming marine bacterium
Halomonas boliviensis. Int. Biodeter. Biodegr. 151, 104967.
Ramage, G., Rajendran, R., Gutierrez-Correa, M., Jones, B.,
Williams, C., 2011. Aspergillus biofilms: clinical and industrial
significance. FEMS Microbiol. Lett. 324 (2), 89–97.
Ramage, G., Walle, K.V., Wickes, B.L., López-Ribot, J.L., 2001.
Biofilms formation by Candida dubliniensis. J. Clin. Microbiol. 39
(9), 3234–3240.
Simões, L.C., 2013. Biofilms in drinking water. In: Simões, M.,
Mergulhão, F. (Eds.), Biofilms in Bioengineering. Nova Science,
New York (NY), pp. 157–189.
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